This article appeared in a journal published by Elsevier. The attached
copy is furnished to the author for internal non-commercial research
and education use, including for instruction at the authors institution
and sharing with colleagues.
Other uses, including reproduction and distribution, or selling or
licensing copies, or posting to personal, institutional or third party
websites are prohibited.
In most cases authors are permitted to post their version of the
article (e.g. in Word or Tex form) to their personal website or
institutional repository. Authors requiring further information
regarding Elsevier’s archiving and manuscript policies are
encouraged to visit:
http://www.elsevier.com/authorsrights

Author's personal copy
Veterinary Microbiology 165 (2013) 416–424

Contents lists available at SciVerse ScienceDirect

Veterinary Microbiology
journal homepage: www.elsevier.com/locate/vetmic

Changes of poultry faecal microbiota associated with
Clostridium difﬁcile colonisation
Jure Skraban a,b, Saso Dzeroski a,d,e, Bernard Zenko a,d, Livija Tusar a,d,
Maja Rupnik a,b,c,*
a

Centre of Excellence for Integrated Approaches in Chemistry and Biology of Proteins, 1000 Ljubljana, Slovenia
University of Maribor, Faculty of Medicine, 2000 Maribor, Slovenia
c
Institute of Public Health Maribor, Centre for Microbiology, 2000 Maribor, Slovenia
d
Jozef Stefan Institute, 1000 Ljubljana, Slovenia
e
Jozef Stefan International Postgraduate School, 1000 Ljubljana, Slovenia
b

A R T I C L E I N F O

A B S T R A C T

Article history:
Received 1 August 2012
Received in revised form 4 March 2013
Accepted 12 April 2013

Bacterial, fungal and archaeal microbiota was analysed in 143 chicken faecal samples from
a single poultry farm. After DHPLC (denaturing high performance liquid chromatography)
15 bacterial groups, 10 fungal groups and a single archaeal species were differentiated.
Samples were grouped into two clusters with signiﬁcantly different frequencies of C.
difﬁcile positive and negative samples in each cluster. Acidaminococcus intestini, described
here for the ﬁrst time as a part of poultry faecal microbiota, was signiﬁcantly more likely
present in C. difﬁcile negative samples, while presence/absence of some other
microorganisms (Enterococcus cecorum, Lactobacillus galinarum, Moniliella sp. and
Trichosporon asahii) was close to signiﬁcance. Two other groups not reported previously
for poultry, Coprobacillus sp. and Turicibacter sp. did not differ signiﬁcantly between C.
difﬁcile positive and negative samples. Differences in microbiota diversity depend on
animal age, but not on the presence of C. difﬁcile. With machine learning (WEKA J48) we
have deﬁned speciﬁc combinations of microbial groups predictive for C. difﬁcile
colonisation. Microbial groups associated with C. difﬁcile colonisation in poultry are
different than those reported for humans and include bacteria as well as fungi. Also with
this approach A. intestini was found to be most strongly related to C. difﬁcile negative
samples.
ß 2013 Elsevier B.V. All rights reserved.
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1. Introduction
Clostridium difﬁcile is one of the most important
pathogens causing antibiotic associated diarrhoea in
humans and animals (Rupnik et al., 2009). The overlap
of types present in food animals, food and humans suggest
that animals could serve as a reservoir for C. difﬁcile
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(Bakker et al., 2010; Janezic et al., 2012; Weese et al., 2010).
Poultry is frequent source of bacterial zoonotic diseases,
but very limited data have been published on C. difﬁcile in
this animal host. Variable isolation rates of C. difﬁcile were
reported from poultry faecal samples as well as retail
poultry meat (0 to 63%) (de Boer et al., 2011; Rupnik and
Songer, 2010; Simango and Mwakurudza, 2008; Weese
et al., 2010; Zidaric et al., 2008).
The colonisation of humans and animals by C. difﬁcile
has been linked to a disruption or speciﬁc changes in the
normal intestinal microbiota (Bufﬁe et al., 2012; Peterfreund et al., 2012; Rea et al., 2012; Rousseau et al., 2011;
Rupnik et al., 2009). Data for animal gut microbiota and
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C. difﬁcile is limited and indirect. Few animal studies, which
investigated gut microbiota in association with C. difﬁcile
infection/colonisation, were done on hamster and murine
models (Bufﬁe et al., 2012; Merrigan et al., 2003;
Peterfreund et al., 2012). Studies on gut microbiota in
relation to C. difﬁcile colonisation in farm or food animals
are to date available only as conference abstracts (Costa
et al., 2012).
The aim of this work was to study the changes in the
bacterial, fungal and archaeal intestinal microbiota in
correlation with the presence of C. difﬁcile in poultry. We
used denaturing high performance liquid chromatography
(DHPLC), a method that separates DNA amplicons based on
fragment size and sequence, and also enables collection of
fractions for subsequent cloning and sequencing (Domann
et al., 2003). The DHPLC analysis effectively detects the
main microbial groups in faecal samples, is suitable for
tracking changes in gut microbiota and was shown to be
comparable to gradient gels (DGGE) (Goldenberg et al.,
2007).
2. Materials and methods
2.1. Animals, faecal samples and C. difﬁcile isolation
We have collected and analysed 143 chicken faecal
samples from a single farm rearing laying hens up to the
production age. The animals were fed a commercial cornsoy diet without animal protein, antimicrobials, or
coccidiostats. A starter feed (20% protein) was given until
the birds were 21 days of age and then changed two more
times when the birds were 42 days old (18% protein) and at
the age of 105 days (14.8% protein). The major difference
between the three feeds was the percentage of crude
protein (soy) and methionine (0.38%, 0.35% and 0.28%).
Crude fat and raw ﬁbres were kept constant at 2.5% and 7%
respectively.
On average twenty faecal samples were collected from
the same ﬂock of birds in each of the seven sampling
intervals (from 19 to 24 per sampling). The age of the
animals at the samplings was 3, 11, 14, 19, 34, 59 and 116
days. The fresh faecal samples were collected from the ﬂoor,
whereby care was taken not to contaminate the sample with
the surrounding litter. Samples were transferred to the
laboratory within 24 h and stored immediately at 80 8C
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until further processing that included the isolation of C.
difﬁcile and the DHPLC analysis of microbial populations.
The isolation of C. difﬁcile was carried out with
enrichment in the Oxoid C. difﬁcile broth with Oxoid
supplement SR0096E, lysozyme (5 mg L1) and sodium
cholate (1%) as described previously (Zidaric et al., 2008).
The selected colonies with typical colony morphology
were isolated in pure culture and identiﬁed by the
ampliﬁcation of cdd3, located downstream from the
pathogenicity locus (PaLoc) (Zidaric et al., 2008).
2.2. Bacterial, archaeal and fungal marker genes
ampliﬁcation
The extraction of DNA was performed with the
commercial QIAamp DNA Stool Mini Kit (Qiagen, Germany). The DNA concentration and purity was checked
with a Nanodrop. For the ampliﬁcations, 60 ng of isolated
DNA was used per reaction. The summary of the primers
used in this study and the approximate size of the
amplicons is given in Table 1.
For the ampliﬁcation of the bacterial 16S rRNA genes,
the PCR targeted the variable region V6–V8 using the
primers and cycling conditions described by Domann et al.
(2003) (Table 1). The amplicons were checked for the
correct size by agarose gel electrophoresis. Heteroduplex
DNA molecules were reduced by reconditioning as
described by (Thompson et al., 2002). Finally the PCR
products were puriﬁed using the PCR Puriﬁcation Kit from
Qiagen before loading onto the DHPLC column.
For the ampliﬁcation of the archaeal 16S rRNA genes,
the variable region V3 was selected (Table 1). The reaction
mixture was ﬁrst heated to 95 8C for 7 min, followed by 35
cycles at 95 8C for 40 s, 63 8C for 30 s, 72 8C for 30 s and the
ﬁnal extension at 72 8C for 5 min. The amplicon size
conﬁrmation, reconditioning and puriﬁcation were done as
described above.
For the ampliﬁcation of the fungal internal transcribed
spacer region 2 (ITS2), a nested PCR was performed. For the
ﬁrst reaction we used the primer pair nu-SSU-0817 – 50
and ITS4 (Table 1). The mixture was heated to 95 8C for
2 min, followed by 14 cycles at 95 8C for 30 s, 61.3 8C for
30 s with a 0.5 8C decrement for each following cycle and
72 8C for 60 s. This was followed by 19 cycles at 95 8C for
30 s, 54.3 8C for 30 s and 72 8C for 60 s and the ﬁnal

Table 1
Primers used for the ampliﬁcation of the 16S rRNA or ITS2 region.
Region

Amplicon sizea

Primersb

50 –30 sequence

Literature

Bacteria

16S rRNA, V6–V8

470 bp

0933F
1407R

GCA CAA GCG GTG GAG CAT GTG G
GAC GGG CGG TGT GTA CAA G

(Domann et al., 2003)

Fungi

ITS2

1400 – 2000 bp

nu-SSU-0817F
ITS4R
ITS86F
ITS4R

TTAGCATGGAATAATRRAATAGGA
TCC TCC GCT TAT TGA TAT GC
GTG AAT CAT CGA ATC TTT GAA C
TCC TCC GCT TAT TGA TAT GC

(Borneman and Hartin, 2000)
(White et al., 1990)
(Turenne et al., 1999)
(White et al., 1990)

PARCH340F
A780R

CCC TAC GGG GTG CAG CAG
TAC CCG GGT ATC TAA TCC GGT

(Ovreas et al., 1997)
This study

200 – 400 bp

Archaea

16S rRNA, V3

R, reverse primer.
a
bp, base pair.
b
F, forward primer.

420 bp
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extension at 72 8C for 5 min. The amplicons were checked
for the correct size by agarose gel electrophoresis. Before
the second PCR reaction we degraded any remaining
primers from the ﬁrst PCR reaction. The reaction mixture of
the ﬁnal volume of 6.5 mL contained 0.15 U mL1 of the
Shrimp Alkaline Phosphatase, 1.5 U mL1 of the Exonuclease I (both from Fermentas) and 5 mL of the PCR product
from the ﬁrst reaction. The mixture was incubated at 37 8C
for 15 min and then the enzymes deactivated by heating at
85 8C for 15 min. Five microliters of mixture was then used
as the template for the second PCR reaction in which we
ampliﬁed the ITS2 region using the primers ITS86 and ITS4
(Table 1). The cycling conditions were 95 8C for 2 min,
followed by 25 cycles at 95 8C for 30 s, 54.3 8C for 30 s and
72 8C for 40 s and the ﬁnal extension at 72 8C for 5 min. The
correct size of the amplicons was checked on the agarose
gel. The PCR product was puriﬁed as described above.
2.3. Separation of the ampliﬁed 16S rRNA and ITS2 gene
fragments with the DHPLC
The puriﬁed PCR products were separated with
denaturing high performance liquid chromatography
(DHPLC) on a DNASep1 HT cartridge using the WAVE
Microbial Analysis System (Transgenomics, USA). The
volumes of the puriﬁed amplicons loaded on the column
were 20 mL for bacteria, 15 mL for archaea and 10 mL for
fungi. Conditions for separating the amplicons were as
described previously for bacteria (Domann et al., 2003) and
for fungi (Goldenberg et al., 2005). The optimised
separation conditions used for archaea are given in
Supplementary Table 1. The DNA was detected with a
UV detector and results analysed with the Navigator
Software version 2.2.0 (Build 25). The peak analysis
parameters that were used are listed in Supplementary
Table 1.
Supplementary material related to this article found, in
the online version, at http://dx.doi.org/10.1016/j.vetmic.2013.04.014.
2.4. Normalisation of the retention times and assigning the
DHPLC peaks to bacterial/archaeal/fungal group
For the normalisation of the retention times of the
DHPLC peaks we have constructed a marker which was
loaded onto the column together with the sample. The
marker was designed as a G-C rich oligonucleotide to
elute after the sample. The retention times of the peaks
were adjusted according to the equation NRT = RT + (RT 
(1  MRT/X)), where NRT stands for the normalised
retention time, RT for the retention time, MRT for the
retention time of the marker and X for an arbitrarily chosen
point on the retention time scale. After the normalisation,
the DHPLC chromatograms were divided into 0.2 min
intervals along the retention time scale and the peaks
within each of the 0.2 min interval were assigned to
speciﬁc microbial groups by sequencing as described
below.
The peak fractions were collected three times for every
microbial group from the samples collected at the
beginning (3 days), the middle (19 days) and the end

(116 days) of the sampling period. Each peak fraction was
cloned into pGEM1-T Easy Vector System (Promega,
Germany) and ten clones per fraction were sequenced
(Euroﬁns MWG Operon, Germany). The sequences were
compared to the databases provided by the National
Centre for Biotechnology Information (NCBI) and Ribosomal Database Project-Release 10. The criteria for naming
the microbial groups according to the closest hit matches
were 99% to 100% sequence similarity at the species level,
96% to 99% similarity at the genus level and 92% to 96% at
the family level. If sequences obtained from a single
chromatogram peak belonged to different microbial
taxonomic units, this particular peak (and hence the
entire 0.2 retention time area) was assigned to all of
identiﬁed microbial groups.
2.5. Analysis of the DHPLC results – determining the relative
abundance (RA) and relative frequency (RF)
The results were analysed by looking at the relative
abundance (RA) and relative frequency (RF) of each
identiﬁed group (species/genera or higher taxonomic unit)
of the faecal microbiota. Percent area below the peak was
used as a crude measure of the proportion of the group
represented by this peak within the entire population to
show crude quantitative differences in faecal microbiota.
The relative abundance (RA) was deﬁned as the area
percentage that a speciﬁc microbial group represents
within the total analysed chromatogram area and was
computed by the Navigator Software version 2.2.0 (Build
25) using the parameters given in Supplementary Table 1.
The relative frequency (RF) was deﬁned as the number
of samples with a given microbial group divided by the
total number of samples in each group of samples
(speciﬁed by the animal age and the presence of C. difﬁcile).
2.6. Statistical analysis
Diversity of faecal microbiota was calculated with
reciprocal Simpson’s index of diversity and differences
between the age groups assessed with Student t-test.
For clustering of the samples the input data were
coordinates: RA and RF of 26 bacterial, fungal and archaeal
groups, together with the age of the animals and C. difﬁcile
colonisation status (as listed in Table 2). Distances
between two clusters were determined as the average
distance between the pairs of observations, one in each
cluster and as the squared Euclidean distance between
their means (software SAS 9.3 TS level 1M1 W32_/PRO
platform). To compare the differences in frequencies of C.
difﬁcile positive and negative samples in each cluster, we
have initially performed the chi-square test for each age
group separately.
Additionally, we have compared C. difﬁcile positive
samples and C. difﬁcile negative samples with additional
statistical tests. The ﬁrst was the two-sample Student ttest (Two-Sample Assuming Equal Variances) performed
on each individual microbial group. When P-values were
0.05 or less, the differences between means for each
microbial group and corresponding variances were considered statistically signiﬁcant. The second was the
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Table 2
Relative frequencies of the bacterial, fungal and archaeal groups / species in different groups of samples.
Age of the animals

3 days

C. difﬁcile status

neg

pos

11 days
neg

pos

14 days
neg

pos

neg

pos

neg

pos

neg

pos

neg

pos

Number of samples

9

11

11

9

7

13

5

15

6

16

10

12

9

10

Sporacetigenium sp.,
Clostridium difﬁcile,
Clostridium sp.
Peptostreptococcus sp.
Turicibacter sp.
Fusobacterium sp.
Ruminococcus sp.
Acinetobacter sp.
Coprobacillus sp.
Enterococcus cecorum
Enterococcus sp.
Lactobacillus galinarum
Escherichia sp.
Acidaminococcus intestini
Sphingobacteriaceae
Paracoccus sp.
Xanthomonadaceae
Penicillium sp.
Moniliella sp.
Trichosporon asahii
Uncultured soil fungus 1
Scedosporium sp.
Uncultured soil fungus 2
Uncultured soil fungus 3
Pezizomycotina
Eurotium sp.
Hyphopichia pseudoburtonii
Methanobrevibacter woesei

0.00

0.09

0.00

0.00

0.14

0.31

0.00

0.00

0.17

0.13

0.00

0.083

0.00

0.00

0.44
1.00
1.00
0.89
0.56
1.00
0.33
0.78
0.89
0.11
0.67
0.11
0.00
0.00
0.56
0.78
1.00
0.78
0.89
0.56
0.22
0.44
1.00
0.00
0.22

0.55
0.82
0.91
0.91
0.46
0.91
0.36
0.73
0.82
0.18
0.00
0.00
0.00
0.00
0.55
0.55
1.00
0.82
0.55
0.46
0.18
0.55
0.91
0.18
0.00

0.64
0.91
1.00
1.00
0.91
1.00
0.82
0.73
0.09
0.36
0.91
0.55
0.09
0.00
0.73
1.00
1.00
1.00
0.64
0.27
0.09
0.36
0.91
0.00
0.00

0.33
0.44
1.00
1.00
1.00
1.00
0.67
0.67
1.00
0.33
0.67
0.56
0.33
0.11
0.89
0.78
1.00
0.44
0.67
0.44
0.22
0.11
0.89
0.00
0.00

0.86
1.00
1.00
1.00
0.86
0.86
0.86
0.00
0.86
0.43
1.00
0.43
0.14
0.00
0.86
0.29
1.00
0.86
0.43
0.86
0.43
0.14
1.00
0.29
0.00

0.69
1.00
1.00
1.00
0.92
0.77
1.00
0.31
0.92
0.46
0.38
0.23
0.08
0.00
1.00
0.46
1.00
0.92
0.46
0.31
0.38
0.31
0.85
0.00
0.08

0.60
1.00
1.00
1.00
1.00
0.80
0.80
0.80
0.60
0.60
0.40
0.40
0.00
0.17
1.00
0.00
0.20
0.20
0.20
0.00
0.00
0.00
0.20
0.20
0.00

0.80
1.00
1.00
1.00
0.87
0.87
0.87
0.60
0.80
0.33
0.33
0.40
0.13
0.00
1.00
0.20
0.93
0.47
0.20
0.00
0.00
0.33
0.67
0.00
0.07

0.33
0.67
1.00
1.00
0.83
1.00
0.83
0.50
0.83
1.00
1.00
0.77
0.50
0.00
0.67
0.83
1.00
1.00
0.83
0.50
0.17
0.33
1.00
0.00
0.00

0.44
0.75
1.00
1.00
0.94
0.75
0.87
0.44
0.94
0.94
0.62
0.94
0.25
0.00
0.75
0.88
1.00
0.69
0.75
0.56
0.00
0.44
0.94
0.00
0.06

0.3
0.5
1.00
1.00
0.9
1
0.9
0.9
0.9
0.7
0.7
0.7
0.6
0.2
0.4
0.7
0.9
0.4
0.6
0.5
0.1
0.5
0.9
0.00
0.4

0.42
0.67
1.00
1.00
0.75
1.00
0.92
0.92
1.00
0.92
0.50
0.92
0.67
0.17
0.33
0.67
1.00
0.58
0.83
0.42
0.08
0.58
0.92
0.08
0.25

0.71
0.67
1.00
1.00
0.89
1.00
0.67
1.00
0.56
1.00
0.89
0.89
0.67
0.44
0.22
0.56
1.00
0.00
1.00
0.56
0.89
0.11
0.11
0.00
1.00

0.17
0.60
0.90
1.00
1.00
1.00
0.80
1.00
0.80
1.00
0.80
1.00
0.60
0.50
0
0.30
0.80
0.20
0.80
0.40
0.80
0.10
0.50
0
1.00

analysis of variance for unbalanced data with GLM
procedure together with Tukey–Kramer test (SAS 9.3)
for all 25 microbial groups. When P-values were 0.05 or
less, the means were considered statistically signiﬁcant.
2.7. Machine learning analysis
We have further analysed the differences between the
sample groups in terms of presence or absence of microbial
groups by using machine learning methods for induction of
decision trees, more speciﬁcally classiﬁcation trees (Quinlan, 1993). In particular, we used the WEKA J48 implementation (Witten et al., 2011) of the C4.5 algorithm
(Quinlan, 1993). Slightly modiﬁed parameter settings for
J48 were applied, which include a minimum of two
examples per leaf for pre-pruning and a conﬁdence level of
0.1 for post-pruning.
The dependent (class) variable in this analysis was the
presence of C. difﬁcile (positive, negative). Independent
variables (attributes) were the indicators of presence/
absence of each of the 26 microbial groups.
3. Results
In 86 samples out of 143 (60%) C. difﬁcile was detected
by cultivation. The colonisation rate was increasing until
the age of 19 days (3 days/55%, 11 days/45%, 14 days/65%,
19 days/75%) and has steadily decreased to 53% by the time
the animals were 116 days old (34 days/73%, 59 days/55%,
116 days/53%) (Table 2).

19 days

34 days

59 days

116 days

In all 143 faecal samples three intestinal microbiota
proﬁles (bacterial, fungal and archaeal) were determined
by DHPLC. Example of a single DHPLC chromatogram is
shown in Fig. 1a. Samples taken from the animals of the
same age have a similar DHPLC proﬁle (Fig. 1a shows
samples with a different C. difﬁcile colonisation status). An
individual peak can be further collected, sequenced and
according to sequence similarity assigned to a taxonomic
unit. As the fragments used for DHPLC are short, the
identiﬁcation ranges from species to family level. We have
identiﬁed altogether 15 bacterial groups, 10 fungal groups
and a single archaeal species Methanobrevibacter woesei
(Table 2). The relative frequency (RF) which is a measure of
the presence of a microbial group in faecal samples and the
relative abundance (RA) which is a crude measure of
proportion within the microbiota was calculated for each
microbial group. These data were used to assess the
changes in intestinal microbiota in time and in connection
to C. difﬁcile colonisation status.
3.1. Age dependent changes in poultry intestinal microbiota
Fig. 1b shows an overview of the representative DHPLC
proﬁles for all three studied microbial groups (bacteria,
fungi and archaea) and their changes during the maturation of intestinal microbiota. The relative frequencies of
microbial groups in all seven samplings are shown in
Table 2.
Bacterial faecal microbiota detected by the DHPLC was
more diverse than the fungal and archaeal microbiota
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Fig. 1. Representative DHPLC chromatograms of the faecal microbiota. (a) Bacterial faecal microbiota of 14 days old animals with different C. difﬁcile status.
(b) The development of bacterial, fungal and archaeal intestinal microbiota in animals of different ages. All samples presented are C. difﬁcile negative. The
chromatograms are arranged from the bottom to the top according to the age of the animals (3, 11, 14, 19, 34, 59 and 116 days). The x-axis shows the
retention time (min) at which the peaks elute, the y-axis shows the intensity of the signal (mV).

(Fig. 1b) and the number of frequently present bacterial
groups increased with the age of the animals (Table 2).
Diversity indexes in Table 3 also show gradually higher
diversity of bacterial microbiota in older animals. The
number of bacterial groups that were readily present (RF
0.8 to 1in Table 2) in a given sample group increased with
the age of the animals (Table 2). Fusobacterium sp.,
Ruminococcus sp. and Coprobacillus sp. were detected in
high frequencies in all the age groups (Table 2). Some
genera/groups started to prevail at a higher age (E. coli,
Sphingobacteriaceae, Paracoccus sp., Xanthomonadaceae),
other groups declined with age (Turicibacter sp.), while
certain groups were detected only sporadically (Sporacetigenium sp./Clostridium sp.) (Table 2).
The fungal faecal microbiota showed a high complexity
already at day 3 but several fungal groups appeared only
transiently (Table 2). Only Trichosporon asahii was present
at all ages in a large proportion of the samples (Table 2).
Unlike bacteria, the fungal microbiota did not show a
gradual increase in diversity with age of the animals
(Table 3).
The archaeal population was very simple and developed
only after 59 days of age (Fig. 1b and Table 2). Only a single
species (M. woesei) was present. We have detected archaea
from the age of 3 days onwards, but positive samples were
only sporadic, however at the age of 116 days all 19 faecal
samples were positive (Table 2).

3.2. C. difﬁcile colonisation and the changes in the poultry
intestinal microbiota
Two approaches were used to identify differences
between the C. difﬁcile positive and negative sample
groups, statistical and machine learning.
Statistical clustering has grouped all samples into two
main clusters based on RA as well as RF (Fig. 2; only data for
RA are shown). C. difﬁcile negative samples grouped
together in the ﬁrst cluster (56 out of 99 samples) and
the second cluster was predominantly composed of
samples colonised with C. difﬁcile (43 out of 44 samples).
The frequencies of C. difﬁcile positive samples as determined by the chi-square test, were signiﬁcantly higher in
the second cluster at the ages of 3 days (P = 0.0002), 11
days (P = 0.0081) and 59 days (P = 0.0385). The frequencies
of C. difﬁcile negative samples were at the same time
signiﬁcantly higher in the ﬁrst cluster at 3 days
(P = 0.0009), 11 days (P = 0.0027), 19 days (P = 0.0253)
and 59 days (P = 0.0126) old animals. Samples did not
cluster together depending on animal age (Fig. 2).
With advanced statistical analysis of variances (SAS 9.3
and GLM) signiﬁcant difference in RF (log RF Least Squares
Means) of data sets between C. difﬁcile positive (1.168) and C.
difﬁcile negative samples (1.396) was detected (P = 0.0013).
However, on the level of individual microbial groups
assessed by Student t-test, only RF of Acidaminococcus
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intestini was signiﬁcantly different in C. difﬁcile positive and
negative samples (P = 0.0460) (microbial group 12 in Fig. 3),
while RF values of some other organisms (Enterococcus
cecorum, Lactobacillus galinarum, Moniliella sp. and T. asahii
were close to signiﬁcance (P = 0.2883), (P = 0.0938),
(P = 0.2790), and (P = 0.2949), respectively (microbial
groups 8, 10, 17, and 18 in Fig. 3).
When the machine learning approach was used, several
patterns of the microbiota composition were deﬁned that
were associated with the presence of C. difﬁcile. The J48
tree (Fig. 4) ﬁrst splits in two branches based on the
presence or absence of A. intestini. The absence of this
microorganism coupled with the presence of T. asahii was
strongly linked to the C. difﬁcile positive samples (the
model correctly identiﬁed 45 and incorrectly only 8
samples). The presence of Acidaminococcus intestine
coupled with the absence of Lactobacillus gallinarum was
on the other hand connected to C. difﬁcile negative samples
in 9 out of 11 cases. The other branches used more
predictors (bacterial and fungal) to predict the outcome
regarding the C. difﬁcile colonisation status. Different
branches also differed in their predictive value, for
example branch A. intestini/L. gallinarum/Turicibacter sp.
represented the pattern that was in 10 out of 12 cases
associated with a C. difﬁcile non-colonised faecal sample.

0.9248
0.4816
0.4696
0.0045
0.0021
0.1232
1.82
0.95

2.80
2.91

2.90
0.81
2.79

* P values were calculated with Student t-test.

3.18
2.7
0.41
2.86
3.00

2.79
0.35
2.84
2.93

4.75
4.16

1.78

4.83
4.30

2.79
2.64

2.88

2.86
0.95

4.85
4.31

3.11
2.68

3.53

3.25
2.79

5.14
4.46
3.14
0.27

3.20

3.19

5.14
3.16
0.93

10
5.34
0.66
9
4.91

neg
pos

12
5.45
0.29
10
4.77

neg
pos

16
3.93
0.03
6
5.35
15
4.70
0.79
5
4.88

neg
pos
neg

13
4.64
0.41

pos
neg
neg

11
4.91
11
2.9
0.37
3.02

neg

9
3.14

C. difﬁcile status

Number of samples
Bacterial microbiota (1/D average)
P value (C. difﬁcile neg/pos)*
(1/D) average (3 days/>3 days)/P value*
(1/D) average (11 days/>11 days)/P value*
(1/D) average (14 days/>14 days)/P value*
(1/D) average (19 days/>19 days)/P value*
(1/D) average (34 days/>34 days)/P value*
(1/D) average (59 days/>59 days)/P value*
Fungal microbiota (1/D average)
P value (C. difﬁcile neg/pos)*
(1/D) average (3 days/>3 days)/P value*
(1/D) average (11 days/>11 days)/P value*
(1/D) average (14 days/>14 days)/P value*
(1/D) average (19 days/>19 days)/P value*
(1/D) average (34 days/>34 days)/P value*
(1/D) average (59 days/>59 days)/P value*

pos

11 days

pos

7
4.03

59 days
34 days
19 days
14 days
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3 days
Age of the animals

Table 3
Average Reciprocal Simpson’s indexes of diversity (1/D average) for different age groups and C. difﬁcile colonisation status.

9
5.18
0.70
4.79
4.02

116 days

pos

0.0001
0.0137
0.0128
0.0405
0.0042
0.0817

P value*
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We have compared bacterial, fungal and archaeal
microbiota in C. difﬁcile positive and C. difﬁcile negative
faecal samples from a single poultry farm to detect
microbial groups typically associated with C. difﬁcile
carriage or its absence.
The development and diversity of the bacterial intestinal microbiota in poultry has been well documented in the
past (Lu et al., 2003; Zhu et al., 2002). Our results on the
development of bacterial faecal microbiota in young laying
hens are in agreement with the previous publications on
broilers and show the increasing diversity of bacteria with
the advancing age of the chickens (Lu et al., 2003).
The molecular approach used, DHPLC, detects only the
most prevalent groups in such complex community but the
results were comparable to other available data on poultry
gut microbiota. Studies based on molecular approaches
(TTGE and clone libraries) have described bacteria
belonging to Clostridiaceae (Clostridium sp., Ruminococcus
sp.), Fusobacterium sp., Lactobacillus sp., Enterococcus sp.,
Enterobacteriaceae and Bacteroides sp. as the major
representatives in the chicken caecum (Lu et al., 2003;
Zhu et al., 2002). Recently, high-throughput sequencing
has identiﬁed 36 different genera in faecal microbiota of
broilers (Singh et al., 2012). We have also detected many of
these groups but not the genus Bacteroides which other
authors assigned up to 5% of cloned sequences (Lu et al.,
2003; Zhu et al., 2002) and up to 14% when using
pyrosequencing (Singh et al., 2012). The reason for this
discrepancy is most likely the overlapping of the peaks
belonging to E. cecorum and Bacteroides sp. (data not
shown). On the other hand, we have frequently found three
other groups not reported previously for poultry, Coprobacillus sp., Turicibacter sp. and A. intestini. Coprobacillus sp.
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Fig. 2. Hierarchical clustering of the faecal samples according to the relative abundances (RA) of the microbial groups. The colour coding in the ﬁrst column
shows samples of different age groups distributed between the two clusters (white-3 days, grey-11 days, brown-14 days, violet-19 days, green-34 days,
yellow-59 days and blue-116 days). The second column represents C. difﬁcile status; white bars – C. difﬁcile negative samples and red bars – C. difﬁcile
positive samples.

is an obligate anaerobe that was recently separated from
the genus Eubacterium found in human faeces (Kageyama
and Benno, 2000). Given its high abundance and simultaneous absence of the genus Eubacterium in our samples we
speculate that in other studies Coprobacillus sp. might have
been reported as Eubacterium. The other frequently found
anaerobe was Turicibacter sp., which until now was
reported in rats (Licht et al., 2007), pigs (Rettedal et al.,
2009) and humans (Bosshard et al., 2002), where it was
described as a putative pathogen. A. intestini was ﬁrst

isolated from human faeces (Jumas-Bilak et al., 2007) and
is here for the ﬁrst time reported as a part of poultry
microbiota. It is known for the production of short chain
fatty acids such as lactate and acetate (Jumas-Bilak et al.,
2007), which have previously been implicated in the
improvement of the gastrointestinal health and in the
inhibition of C. difﬁcile (Ito et al., 1997).
The bacterial groups that proved to be important
regarding the C. difﬁcile colonisation were A. intestini, L.
gallinarum and E. cecorum. As expected, these groups are
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Fig. 3. The mean relative frequencies (RF) of all the bacterial and fungal groups in C. difﬁcile negative (CFU = 0, full line) and positive (CFU = 1, dashed line)
samples. The numbers 1 – 25 on the x axis are the bacterial (1–15) and the fungal (16–25) groups in the following order: 1 – Clostridium difﬁcile,
Sporacetigenium sp., Clostridium sp.; 2 – Peptostreptococcus sp.; 3 – Turicibacter sp.; 4 – Fusobacterium sp.; 5 – Ruminococcus sp.; 6 – Acinetobacter sp.; 7 –
Coprobacillus sp.; 8 – Enterococcus cecorum; 9 – Enterococcus sp.; 10 – Lactobacillus gallinarum; 11 – Escherichia sp.; 12 – Acidaminococcus intestini; 13 –
Sphingobacteriaceae; 14 – Paracoccus sp.; 15 – Xanthomonadaceae; 16 – Penicillium sp.; 17 – Moniliella sp.; 18 – Trichosporon asahii; 19 – Uncultured soil
fungus 1; 20 – Scedosporium sp.; 21 – Uncultured soil fungus 2; 22 – Uncultured soil fungus 3; 23 – Pezizomycotina; 24 – Eurotium sp.; 25 – Hyphopichia
pseudoburtonii. The difference between means (CFU = 0, CFU = 1) for microbial group 12 (*, Acidaminococcus intestini) was statistically signiﬁcant (P < 0.05).

Fig. 4. J48 decision tree describing the outcome regarding the colonisation status of C. difﬁcile. Each branch represents a combination of present/absent
microorganisms associated with C. difﬁcile colonisation status. The numbers in parentheses show the total number of samples included in this particular
branch and the number of incorrectly classiﬁed instances.

different from those described in C.difﬁcile colonised
humans that include a decreased numbers of Bacteroides,
Prevotella, Biﬁdobacteria and Faecalibacteria or increased
numbers of Lactobacillaceae, Enterobacteriaceae and Ruminococcus sp. (Hopkins and Macfarlane, 2002; Manges et al.,
2010; Rea et al., 2012; Rousseau et al., 2011).
Archaeal microbiota is not a major part of poultry gut
microbiota. In agreement with previous reports, we have
detected a single methanogenic archaeum (M. woesei) that
starts to colonise the gut very early (Saengkerdsub et al.,
2007) and in our population ﬁrmly established itself only
in chickens older than 59 days. Its presence was not
associated with C. difﬁcile colonisation status.
The present study is the ﬁrst to report on fungal
microbiota in poultry. The chicken intestine harbours a
complex but unstable community of fungi which vary with
age (Tables 2 and 3). Detected fungal groups in poultry
(Table 2) were different from those detected in humans
(Skraban et al., 2013) and only Eurotium sp. was found in
both hosts. No single fungal group was signiﬁcantly
associated with C. difﬁcile colonisation in poultry. However, two fungi (T. asahii and Moniliella sp.) which were
close to signiﬁcance were also among combinations of

microorganisms predictive for C. difﬁcile colonisation
(Fig. 4).
In summary, this is one of the ﬁrst reports on the
composition of farm animal intestinal microbiota and C.
difﬁcile colonisation. Bacterial groups that were characteristically associated with C. difﬁcile colonisation in poultry
are different from those described previously for humans.
In addition, we have shown that most probably not a single
species but a pattern of present/absent microbial groups
decides on the susceptibility to C. difﬁcile colonisation.
Microbes (mainly bacterial) that play a role in C. difﬁcile
colonisation in poultry deﬁned by the machine learned
decision tree (Fig. 4) correlate well with the microbes
identiﬁed as important by an independent statistical
analysis (A. intestini, L. gallinarum, E. cecorum). Among
them A. intestini seems to be the key player and in this
study its absence was recognised as the main predictor for
C. difﬁcile colonisation.
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